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Signaling	via	the	neuronal	NOS	(nNOS)	splice	variant	nNOSμ	is	essential	for	skeletal	muscle	health	and	is	
commonly	reduced	in	neuromuscular	disease.	nNOSμ	is	thought	to	be	the	predominant	source	of	NO	in	skel-
etal	muscle.	Here	we	demonstrate	the	existence	of	what	we	believe	to	be	a	novel	signaling	pathway,	mediated	by	
the	nNOS	splice	variant	nNOSβ,	localized	at	the	Golgi	complex	in	mouse	skeletal	muscle	cells.	In	contrast	to	
muscles	lacking	nNOSμ	alone,	muscles	missing	both	nNOSμ	and	nNOSβ	were	severely	myopathic,	exhibiting	
structural	defects	in	the	microtubule	cytoskeleton,	Golgi	complex,	and	mitochondria.	Skeletal	muscles	lacking	
both	nNOSμ	and	nNOSβ	were	smaller	in	mass,	intrinsically	weak,	highly	susceptible	to	fatigue,	and	exhib-
ited	marked	postexercise	weakness.	Our	data	indicate	that	nNOSβ	is	a	critical	regulator	of	the	structural	and	
functional	integrity	of	skeletal	muscle	and	demonstrate	the	existence	of	2	functionally	distinct	nNOS	micro-
domains	in	skeletal	muscle,	created	by	the	differential	targeting	of	nNOSμ	to	the	sarcolemma	and	nNOSβ	to	
the	Golgi.	We	have	previously	shown	that	sarcolemmal	nNOSμ	matches	the	blood	supply	to	the	metabolic	
demands	of	active	muscle.	We	now	demonstrate	that	nNOSβ	simultaneously	modulates	the	ability	of	skeletal	
muscle	to	maintain	force	production	during	and	after	exercise.	We	conclude	therefore	that	nNOS	splice	vari-
ants	are	critical	regulators	of	skeletal	muscle	exercise	performance.

Introduction
Neuronal NOSμ (nNOSμ) is a Ca2+/calmodulin-regulated flavo-
heme protein that catalyzes the NADPH- and O2-dependent syn-
thesis of the gaseous messenger NO from l-arginine (1). nNOSμ is 
postulated to be the predominant source of NO in skeletal muscle 
cells (2). nNOSμ is present in the cytoplasm and is also localized to 
the sarcolemma by binding to the scaffold protein α-syntrophin, 
a component of the dystrophin-associated glycoprotein complex  
(3, 4). nNOS catalytic activity is increased several fold by skeletal 
muscle stimulation, and exercise training increases nNOSμ expres-
sion in both human and rodent muscles (5, 6). In most tissues, 
nNOS signaling is mediated by NO-sensitive soluble guanylyl 
cyclase (sGC), the principal target of NO. NO stimulates sGC to 
synthesize cyclic guanosine monophosphate (cGMP), which in turn 
activates downstream targets, including protein kinase G (PKG) and 
some ion channels. In skeletal muscle, nNOSμ performs diverse 
functions, such as (a) maintaining blood delivery during exercise, 
(b) modulating glucose homeostasis, (c) controlling muscle mass, 
and (d) regulating fatigue resistance (7–10). To date, the regulation 
of blood supply during muscle contraction is the best character-
ized function of nNOSμ in skeletal muscle. Contraction-induced 
production of NO by sarcolemmal nNOSμ attenuates α-adrenergic 
receptor–mediated vasoconstriction, thus maintaining appropriate 
blood and oxygen delivery to active muscles (7, 8). Although loss of 
nNOSμ leads to vasoconstriction in contracting muscles (known 
as functional ischemia), it remains unknown whether this defect 

impairs skeletal muscle contractile performance. We recently report-
ed moderate contraction-induced fatigue and reduced postexercise 
strength in nNOSμ-deficient muscles, suggesting the possibility 
that functional ischemia could lead to muscle fatigue (10).

NO was originally thought to function as a freely diffusible mes-
senger, acting on targets distant from its site of synthesis (11, 12). 
This classical view of NO action raises fundamental questions as 
to how NO signaling can be selectively directed and targeted to 
control the many nNOS-regulated pathways described above in 
skeletal muscle (7–10). It is difficult to envisage this classical mode 
of action in skeletal muscle due to high concentrations of potent 
NO scavengers, such as myoglobin or glutathione, that would 
limit diffusion-based signaling (13). One mechanism postulated 
to confer specificity to NO signaling is the differential targeting 
of NOS enzymes with close apposition of effector protein targets, 
thus facilitating local NO signaling. Evidence for this mechanism 
has come from studies of nNOS and eNOS signaling in neurons 
and cardiomyocytes (12, 14, 15). Support for such a mechanism in 
skeletal muscle is suggested by the finding that only sarcolemmal 
nNOSμ, but not cytoplasmic nNOSμ, can override vasoconstric-
tion in exercising muscle (7). Consequently, we are interested in 
determining the functions of the sarcolemmal and cytoplasmic 
nNOS signaling compartments.

Reduced nNOSμ signaling occurs in many genetically diverse 
skeletal muscle diseases such as Duchenne muscular dystrophy 
(DMD), Becker muscular dystrophy, limb-girdle muscular dys-
trophies (LGMD) 2C, 2D, and 2E, Ullrich congenital muscular 
dystrophy, and inflammatory myositis (3, 16–18). Enhanced NO-
cGMP signaling improves dystrophic muscle pathology by reduc-
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ing muscle degeneration, decreasing inflammation, and increasing 
exercise tolerance in mouse models of DMD and LGMD (18–22). 
Although the precise molecular mechanisms by which NO ame-
liorates dystrophy remain to be elucidated, substantial improve-
ments in dystrophic muscle pathology can result from increased 
cytosolic NO bioavailability and do not require nNOSμ signaling 
at the sarcolemma (19). Taken together, these findings further 
underscore the importance of cytoplasmic NO signaling, partic-
ularly in modulating dystrophic pathology, and suggested to us 
the possibility of additional unrecognized cytosolic NO signaling 
pathways in skeletal muscle.

In the present study, we set out to (a) define cytoplasmic nNOS 
signaling pathways in skeletal muscle cells, (b) test the depen-
dence of muscle fatigue on α-adrenergic receptor–regulated 
blood supply during and after exercise, and (c) address whether 
compartmentalization mechanisms, similar to those observed in 
cardiomyocytes and neurons, are used to regulate NO signaling 
specificity in skeletal muscle.

Results
Approximately half of the nNOSμ protein expressed in skeletal 
muscle is bound to the sarcolemmal dystrophin-glycoprotein 
complex, while the reminder resides in the cytoplasm (1). To 
determine the location of cytoplasmic nNOS, we immunolabeled 
single muscle fibers (Figure 1A), using a method optimized for 
the resolution of subcellular organelles (23). Four pan-specific 
anti-nNOS antibodies raised against distinct epitopes detected 
nNOS localized to sub-sarcolemmal puncta (Figure 1, B and C, 
and Supplemental Figure 1; supplemental material available 

online with this article; doi:10.1172/JCI40736DS1). Sarcolemmal 
nNOSμ labeling is present in this fiber but is out of the plane of 
focus. The punctate labeling pattern resembled that of the murine 
skeletal muscle Golgi complex (23). In fact, nNOS puncta colocal-
ized precisely with GM130, a marker of the cis-face of the Golgi 
complex in fast-twitch gastrocnemius (Figure 1B) and slow-twitch 
soleus muscle fibers (Figure 1C). These data suggest the existence 
of a previously unrecognized Golgi-associated nNOS compart-
ment in skeletal muscle cells.

To establish the identity of the Golgi nNOS, we used nNOS1 
knockout 1 (KN1, knockout of nNOSμ only; Figure 2D) and 
nNOS knockout 2 (KN2, knockout of any active full-length nNOS 
splice variants; Figure 2E) mice (see Methods and refs. 24, 25). At 
least 4 splice variants of nNOS may be transcribed from the Nos1 
gene; however, nNOSα is not expressed in skeletal muscle, leav-
ing only nNOSμ, nNOSβ, and nNOSγ as possible candidates for 
Golgi nNOS (Figure 2A). Surprisingly, Golgi nNOS labeling was 
unaffected in KN1 skeletal muscles (Figure 3A), indicating that the 
Golgi nNOS was not nNOSμ. Golgi nNOS labeling was absent in 
skeletal muscles from KN2 mice, further confirming nNOS anti-
body specificity (Figure 3A). Taken together, these data suggest 
that the Golgi-associated nNOS is either nNOSβ and/or nNOSγ. 
While we cannot definitively eliminate nNOSγ as a candidate for 
the Golgi nNOS, it seems unlikely. Unlike nNOSβ, which is cata-
lytically normal and possesses a unique amino terminus, nNOSγ 
is enzymatically inactive and lacks unique primary sequence to 
facilitate Golgi targeting (Figure 2A) (4). Therefore, throughout 
this paper, we will refer to skeletal muscle Golgi nNOS as nNOSβ. 
More importantly, these data suggest the existence of 3 distinct 

Figure 1
nNOS is localized to the Golgi complex in fast- 
and slow-twitch skeletal muscle fibers. (A) Golgi 
complex distribution in fast-twitch gastrocnemius 
skeletal muscle cells (left panel). The Golgi com-
plex (green) is immunolabeled with a FITC-con-
jugated GM130 antibody, a marker of cis-Golgi 
membranes. Myonuclei are counterstained with 
DAPI (red). A phase contrast image of the fiber is 
shown in the right panel. (B) nNOS (red) localizes 
to the Golgi (green) in gastrocnemius myofibers. 
Surface myonuclei (blue) are labeled with DAPI. 
The high degree of colocalization is evident in 
the inset image (yellow) of the overlay panel. (C) 
nNOS also localizes to the Golgi complex in slow-
twitch myofibers of soleus muscle. Higher-mag-
nification images are shown in the inset panels. 
Scale bar: 20 μm; 6 μm (insets). n ≥ 6.
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nNOS compartments (Golgi nNOSβ, sarcolemmal nNOSμ, and 
cytoplasmic nNOSμ) and reveal the previously unrecognized com-
plexity of nNOS-based signaling in skeletal muscle.

Classical NO signal transduction is mediated by NO-sensitive 
sGC and PKG. To test the possibility that NO-cGMP signaling 
could occur at the skeletal muscle Golgi complex, we examined 
whether sGC and PKG localized to Golgi membranes. Both sGC 
(Figure 4A) and PKG (Figure 4B) colocalized with GM130. These 

data suggest that sGC and PKG, the primary targets and effec-
tors of NO, are in close proximity to nNOSβ at the Golgi. These 
data strongly support the possible existence of a novel nNOS-
cGMP signal transduction microdomain at the Golgi complex 
in skeletal muscle.

Skeletal muscles from KN1 and KN2 mice were examined to 
determine the subcellular consequences of nNOS splice variant 
deficiency on skeletal muscle organization. The absence of nNOS 

Figure 2
nNOS splice variants and nNOS mutant mouse lines used to analyze NO signaling in skeletal muscle. (A) Exon structure of the murine Nos1 
gene, which encodes 31 exons (black boxes) (39). Relevant isozymes are shown here. The coding sequence is shown in gray, and asterisks 
mark translation initiation sites. The 5ʹ- and 3ʹ-untranslated sequences are shown as white boxes. In skeletal muscle, the predominant transcript 
is nNOSμ containing exon 2 (encoding the PSD-95, discs-large, ZO-1 [PDZ] domain) and the 34–amino acid μ-insert. nNOSβ is formed by the 
splicing of exon 1a to exon 3, creating a unique 6–amino acid N terminus. nNOSγ is produced by translation initiation at an internal ATG site in 
exon 5. (B) WT muscle can express all nNOS splice variants. nNOSμ (yellow) localizes to the sarcolemma by binding α-syntrophin (Syn; green), 
a member of the dystrophin-glycoprotein complex (gray). nNOSμ also localizes to the cytoplasm. In contracting muscles, sarcolemmal nNOSμ-
derived NO overrides sympathetic vasoconstriction maintaining blood vessel dilation (large black arrow) (7). In the present study, we identify a 
splice variant of nNOS localized to the Golgi complex, presumed to be nNOSβ (red). The small black arrows represent the synthesis of NO from 
l-arginine by nNOS. (C) Muscles lacking α-syntrophin cannot localize nNOSμ to the sarcolemma and thus cannot attenuate vasoconstriction, 
despite expression of cytosolic nNOSμ and Golgi nNOSβ. (D) The muscles of KN1 mice do not express nNOSμ, due to deletion of exon 2, but 
nNOSβ and nNOSγ splice variant production is unaffected (24). (E) KN2 mice do not express any full-length active nNOS splice variants due to 
deletion of exon 6 encoding the heme-binding domain (25).
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in the muscles of KN2 mice disrupted the distribution of the Golgi 
(Figure 3A, bottom row), which was unaffected in KN1 relative to 
WT muscle (Figure 3A, middle and top rows). Since microtubules 
are responsible for Golgi complex localization (26), we evaluated 
microtubule cytoskeleton organization in nNOS mutant mice 
(Figure 3B). The orthogonal lattice of microtubules was unaffected  
by the absence of nNOSμ (Figure 3B). In contrast, the microtu-
bule cytoskeleton was dramatically disrupted in nNOS-deficient 
muscles of KN2 mice (Figure 3B). These data suggest that nNOSβ 
regulates microtubule cytoskeleton integrity. nNOSβ deficiency 
contributes to destabilization of the microtubule lattice and per-
turbation of Golgi membrane organization.

Muscle fatigue resistance is an excellent global measure of mus-
cle performance. We evaluated this parameter in tibialis anterior 
(TA) muscles in situ from KN1, KN2, and α-syntrophin–null mice 
(Figure 2C and Figure 5 and Table 1). nNOSμ fails to localize to 
the sarcolemma in α-syntrophin–null muscle, despite preservation 
of nNOSμ expression and activity; therefore α-syntrophin knock-
outs are especially useful in specifically figuring out sarcolemmal 
nNOSμ function (7, 27). Given the importance of contraction-

induced nNOSμ signaling in vascular function, we used an in situ 
method for testing muscle contractile function, in which normal 
vascularization and innervation of skeletal muscle tissue are main-
tained. After 4 minutes of simulated exercise, force output from 
WT TA muscles was 50% of initial levels (Figure 5 and Table 1). 
The loss of sarcolemmal nNOSμ only in the α-syntrophin knock-
out (Figure 2C) had no significant impact on contraction-induced 
fatigue or postexercise force generation despite aberrant vasocon-
striction (Figure 5 and Table 1) (7). Contrary to expectation, the 
absence of muscle nNOSμ in KN1 mice also had no impact on 
muscle fatigue or postexercise strength (Figure 5 and Table 1). 
Using an identical approach, we previously reported mild con-
traction-induced fatigue in nNOSμ-deficient TA muscles in KN1 
mice on a B6129 background (10, 24). The mice in this study were 
all generated on, or backcrossed 10 generations onto, a C57BL/6 
background. These data demonstrate strain-specific modulation 
of nNOSμ-regulated fatigue. Our data also argue that the func-
tional ischemia in the absence of contraction-induced sarcolem-
mal nNOSμ signaling does not affect susceptibility to contraction-
induced fatigue or postexercise force generating capacity.

Figure 3
A nNOS splice variant localizes to the Golgi complex 
and regulates microtubule cytoskeleton integrity in 
skeletal muscle. (A) In WT gastrocnemius muscles, 
nNOS (red) colocalizes with GM130 (green). The 
inset overlay image emphasizes the high degree of 
overlap between GM130 and Golgi nNOS. In KN1 
muscles, Golgi nNOS labeling is unaffected, indicat-
ing that the Golgi nNOS is not nNOSμ but nNOSβ 
and/or nNOSγ. Golgi nNOS immunolabeling is 
absent in KN2 muscles, demonstrating nNOS anti-
body specificity. The loss of all nNOS variants per-
turbs the distribution and morphology of the Golgi 
complex. Higher-magnification images are shown 
in the inset panels. (B) nNOS splice variants differ-
entially regulate the structural integrity of the micro-
tubule cytoskeleton. Microtubules were labeled with 
FITC-conjugated α-tubulin antibody. The character-
istic microtubule lattice is evident in WT myofibers 
(left panel). Loss of nNOSμ has a minor impact on 
microtubule organization (middle panel), which was 
insufficient to disrupt Golgi distribution. The loss 
of all nNOS splice variants severely compromises 
the integrity of the microtubule cytoskeleton (right 
panel). Scale bar: 20 μm; 6 μm (insets). n ≥ 4.
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In contrast, the loss of all nNOS splice variants in KN2 muscle 
dramatically increased susceptibility to contraction-induced fatigue 
(Figure 5 and Table 1). KN2 skeletal muscles also exhibited signifi-
cant force deficits after exercise. Postexercise weakness was appar-
ent in KN2 muscles even at 5 minutes after exercise (Figure 5 and 
Table 1). These data provide 4 insights, which we believe to be new, 
into nNOS splice variant function: (a) loss of contraction-induced 
signaling from nNOSμ does not necessarily limit force production 
during or after exercise; (b) nNOSβ is a critical regulator of skeletal 
muscle fatigue and postexercise force output; (c) during exercise, 
nNOSμ signaling maintains blood delivery to active muscle, while 
nNOSβ regulates muscle fatigue resistance and postexercise force 
output; and (d) the differential targeting of nNOS splice variants 
creates functionally distinct NO signaling microdomains, at which 
NOS-derived NO acts locally in skeletal muscle.

A possible molecular explanation for increased muscle fatigue in 
KN2 muscle is a decrease in the ratio of fatigue-resistant to fatigue-
susceptible muscle fibers. To address the possibility that altered fiber 
composition contributes to increased KN2 muscle fatigue, we deter-
mined the frequency of fast- and slow-twitch fibers in nNOS mutant 
TA muscles (Figure 6A). Fibers expressing type I myosin heavy 
chain (MyHC) are the most fatigue resistant, while those express-
ing type IIb MyHC are the least fatigue resistant (28). Type IIa– 
positive myofibers exhibit an intermediate fatigue resistance. Type 
IIx/IId fibers are also relatively resistant to fatigue (28). KN1 mus-
cles exhibited a shift to a more fatigue-resistant fiber composition, 
characterized by a significant 50% reduction in type IIa–positive 
fibers and a remarkable 3,000% increase in type IIx/IId fibers com-
pared with normal controls (Figure 6B and Supplemental Figure 2).  
The marked increase in type IIx/IId fibers could contribute to the 
fatigue resistance of nNOSμ-deficient KN1 TA muscle. Faster 
mean relaxation and peak twitch force generation times are also 
consistent with the increased type IIx/IId fast fiber composition of 
KN1 TA muscle (Supplemental Figure 3). In contrast, there was a 
significant 45% increase relative to WT in type IIb fibers in nNOS-
deficient KN2 muscles that could contribute to decreased fatigue 
resistance. The shift toward more fatigue-resistant and fatigue-
susceptible fiber compositions in KN1 and KN2 muscles, respec-

tively, provides a potential mechanism for the differential impact of 
nNOS splice variants on contraction-induced muscle fatigue.

In order to determine the full extent of nNOS splice variant 
regulation of skeletal muscle contractile function, we determined 
maximal tetanic force generating capacity and specific force (total 
tetanic force normalized to muscle cross-sectional area [CSA]) for 
all nNOS genotypes. Maximum tetanic force output did not dif-
fer significantly between WT, α-syntrophin–deficient and KN1 
TA muscles (Figure 7A). In contrast, KN2 muscles lacking nNOSμ 
and nNOSβ generated only 40% of the maximum isometric force 
of WT controls (Figure 7A). Similarly, KN2 muscles were signifi-
cantly weaker, exhibiting a 14% reduction in mean specific force 
(Figure 7B). Thus, nNOSβ-derived NO appears necessary to main-
tain normal skeletal muscle strength.

Since muscle strength correlates positively with muscle size, we 
investigated whether the intrinsic weakness of KN2 muscle was 
due to a reduction in muscle mass. The mass of α-syntrophin–null 
and KN1 TA muscles did not differ from controls (Figure 7C); 
however KN2 muscle mass decreased 40% (P < 0.001) compared 
with WT controls. Normalization of muscle mass to body weight 
demonstrated that the decrease was not simply attributable to 
decreased body mass (data not shown). The median CSA of KN2 
TA myofibers was significantly smaller (1,382 μm2) than that of 
controls (1,773 μm2) and KN1 muscle cells (1,814 μm2; Figure 7D). 
Thus, decreased muscle mass in KN2 mice is likely due to a reduc-
tion in the size of the muscle cells themselves.

We then tested whether all fiber types were equally reduced in 
size by the absence of nNOSβ (Supplemental Figure 2). We mea-
sured the CSA of type IIa and type IIb fibers, which together make 
up approximately 90% of the myofibers in WT and KN2 TA mus-
cles. The CSA of type IIb fibers was significantly decreased by 31% 
(P < 0.05) in KN2 TA muscles, while the area of type IIa fibers was 
not significantly affected (Supplemental Figure 2B). It is impor-
tant to note the 45% increase in the number of type IIb fibers per 
square millimeter in KN2 TA muscles (Figure 6 and Supplemental 
Figure 2); therefore, the decrease in KN2 TA muscle mass is not 
simply due to a change in fiber type but is attributable to, at least 
in part, increased numbers of significantly smaller type IIb fibers. 

Figure 4
A NO-cGMP signaling microdomain that we 
believe to be novel at the Golgi complex in skel-
etal muscle. (A) Gastrocnemius myofibers were 
coincubated with antibodies against the cis-
Golgi marker GM130 and the NO-binding β1 
subunit of sGC (sGC β1). GM130 and the NO-
binding β1 subunit of sGC showed a high degree 
of overlap in gastrocnemius muscle cells (right 
panel). (B) Isolated myofibers were separately 
colabeled with antibodies against GM130 and 
PKG. GM130 and PKG showed a high degree 
of overlap in skeletal muscle cells (right panel). 
These data demonstrate that compartmentaliza-
tion of nNOS and effector proteins occurs at the 
Golgi complex in skeletal muscle. Higher-mag-
nification images are shown in the inset panels. 
Scale bar: 20 μm; 6 μm (insets). n ≥ 6.
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In contrast, nNOSμ deficiency resulted in a significant decrease in 
KN1 soleus muscle mass and median CSA relative to WT (Supple-
mental Figure 4). However, similar to the TA, KN2 soleus muscles 
were also smaller in mass and CSA (Supplemental Figure 4). These 
data suggest that nNOSβ signaling pathways regulate muscle mass 
and myofiber size independently of muscle type, whereas nNOSμ 
signaling does so through muscle type-specific mechanisms.

Destabilization of the microtubule cytoskeleton, mislocaliza-
tion of the Golgi complex, and reduced myofiber size were obvious 
myopathic changes evident from light microscopy-based analyses 
of WT, KN1, and KN2 muscles (Figure 8A and Supplemental Fig-
ure 4). To identify additional myopathic changes 
in muscle cytoarchitecture, we examined skele-
tal muscles at the ultrastructural level. Electron 
microscopic analysis of KN1 TA muscle revealed 
intermyofibrillar mitochondria that were swol-
len and electron lucent (presumably reflecting 
decreased matrix density) (Figure 8B). Sarcomere 
organization and registration in KN1 muscle 
were indistinguishable from that of controls 
(Figure 8B). In KN2 TA muscles, intermyofibril-
lar mitochondria were often more swollen and 
variable in size, electron lucent, and aberrantly 
localized (Figure 8B). This is consistent with 
defects in the organization of the microtubule 
cytoskeleton that anchors mitochondrial organ-

elles (Figure 3B) (29). Furthermore, regions of muscle 
appeared highly disorganized, with impaired sarcomere 
alignment. To test whether structural abnormalities in 
nNOS-deficient mice lead to increased muscle fragility, thus 
predisposing TA muscles to contraction-induced injury,  
force output was determined at progressively increasing 
strains. α-Syntrophin–null, KN1, and KN2 muscles exhib-
ited force deficits that were indistinguishable from that of 
WT controls (Supplemental Figure 5). Similarly, creatine 
kinase activity was unaffected in the serum from KN1  
(ref. 18 and data not shown) and KN2 (Supplemental Fig-
ure 6) mice, indicating normal myofiber stability and turn-
over. Together, these data show that nNOS splice variant 
deficiency does not increase susceptibility to contraction-
induced injury or decrease muscle cell stability, in agree-
ment with a previous study (10), and do suggest an impor-
tant role for both nNOSμ and nNOSβ splice variants in 
maintaining normal mitochondrial health.

Discussion
The principal finding of this study is the identification of 
what we believe to be a novel nNOSβ signaling transduction 
pathway at the Golgi complex, revealing previously unrec-
ognized NO signaling complexity in skeletal muscle. Skel-
etal muscle contains at least 3 spatially and functionally 
distinct nNOS signaling microdomains: (a) the sarcolem-
mal nNOSμ compartment, (b) the cytoplasmic nNOSμ 
compartment (whose function remains to be determined), 
and (c) the Golgi nNOS compartment composed of nNOSβ 
and its likely downstream effectors sGC and PKG (Figure 9).  
In our working model of nNOS signaling in exercising 
muscle (Figure 9), excitation-contraction coupling leads to 
increased intracellular Ca2+ levels, allowing Ca2+/calmod-
ulin to bind and activate nNOSμ and nNOSβ. nNOSμ 

attenuates local α-adrenergic receptor–mediated vasoconstric-
tion, thereby maintaining appropriate blood and oxygen supply to 
active muscle tissue (7, 8), while nNOSβ simultaneously functions 
to maintain contractile force output during exercise and postexer-
cise force generation (Figure 9). NO may regulate contractility by 
cGMP-dependent activation of PKG and other cGMP targets, such 
as ion channels, or by cGMP-independent signaling mechanisms, 
such as nitrosylation of target substrates (Figure 9).

nNOSμ and nNOSβ splice variants differentially regulate skel-
etal muscle strength, susceptibility to contraction-induced fatigue, 
and postexercise force output. In the C57BL/6 background used 

Table 1
Skeletal muscle fatigue in KN1, KN2, and α-syntrophin–null mice

	 WT	 KN1	 KN2	 α-Syntrophin
Force plateau (%) 52.7 ± 3.6 47.4 ± 3.7 21.9 ± 4.9A,B,C 56.0 ± 1.8
Time constant (s) 38.1 ± 4.3 60.2 ± 9.0 53.9 ± 4.6 53.2 ± 5.3
Recovery (1 min) (%) 81.2 ± 2.5 77.0 ± 2.1 48.5 ± 7.0A,B,D 79.7 ± 1.4
Recovery (5 min) (%) 95.2 ± 1.8 90.1 ± 2.9 64.5 ± 7.3A,D,E 91.3 ± 1.7

Values (mean ± SEM) are shown for the force plateau (asymptote), time constant, and 
postexercise force recovery at 1 and 5 minutes after exercise. Mean time constant values 
were unaffected. KN1 and α-syntrophin mice also exhibited normal postexercise force recov-
ery at 1 and 5 minutes. AP < 0.001, WT versus KN2. BP < 0.01, KN1 versus KN2. CP < 0.001, 
DP < 0.01, α-syntrophin versus KN2. EP < 0.05, KN1 versus KN2. n ≥ 6 for each group.

Figure 5
nNOS splice variants differentially regulate contraction-induced fatigue and 
postexercise force recovery. TA muscles were subjected to a series of maxi-
mal tetanic stimulations every 2 seconds for 4 minutes to simulate exercise. 
Muscles were rested, then maximally stimulated once at 1 and 5 minutes 
to measure postexercise strength recovery. Representative traces for each 
nNOS mutant fitted with exponential decay curves are shown. TA muscles of 
α-syntrophin (α-SYN) knockout mice (green diamonds) or KN1 muscles (yel-
low circles) exhibit normal muscle fatigue indistinguishable from WT controls 
(blue squares). In contrast, KN2 muscles (red triangles) exhibited significantly 
increased susceptibility to contraction-induced muscle fatigue, with force out-
put levels leveling off at approximately 60% lower than those from WT, KN1, 
and α-syntrophin muscles. Force recovery at 1 and 5 minutes was significantly 
decreased by approximately 50% after simulated exercise, indicating substan-
tial postexercise weakness. Po is the tetanic force in millinewtons generated at 
time t during the stimulation protocol. Pi is the initial force output in millinewtons 
at time 0, at the beginning of the experiment.
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in this study, nNOSμ does not regulate muscle fatigue, suggesting 
that the functional ischemia resulting from aberrant α-adrenergic 
receptor–mediated vasoconstriction does not impact the ability of 
muscle to generate force during or after exercise. However, mus-
cles lacking both nNOSμ and nNOSβ exhibited profound muscle 
fatigue and postexercise weakness. These data strongly suggest 
that nNOSβ plays a major role in muscle fatigue and postexercise 
force generation. Similarly, nNOSβ but not nNOSμ is required to 
maintain normal muscle strength.

Deficits in total force-generating capacity in nNOS-deficient 
muscles were likely attributable in part to reductions in muscle 
mass. Decreased muscle mass in KN2 mice was at least partly 
attributable to increased numbers of abnormally small type IIb 
fibers, suggesting the inability of type IIb fibers to hypertrophy to 
the correct size in the absence of nNOSβ. These data suggest that 
decreased KN2 muscle mass, and its characteristic susceptibility 
to fatigue, are the result of fiber-specific changes resulting from 
nNOSβ deficiency. Other nNOS-mediated mechanisms regulat-
ing muscle mass may also be involved. An intriguing possibility 

is that absence of nNOSβ signal-
ing may decrease muscle mass, in 
part through downregulation of 
follistatin growth factor expres-
sion (30). Taken together, these 
data provide a compelling case for 
a crucial role of nNOSβ in regulat-
ing muscle mass, muscle strength, 
muscle fatigue, and postexercise 
force output.

Muscle nNOS splice variants 
also differentially impact the 
structural properties of skeletal 
muscle. One striking example is 
the disruption of the microtubule 
cytoskeleton observed in nNOS-
deficient KN2 muscle, which 
suggests a role for Golgi nNOSβ 
in regulating the stability of the 
microtubule polymer system.  
α-Tubulin is nitrosylated in vivo; 
therefore, loss of nNOS could lead 
to tubulin hyponitrosylation and 
polymer instability (31). Given the 
well-described function of micro-
tubules in positioning of subcel-
lular organelles (26, 29), microtu-
bule cytoskeleton destabilization 
may cause the aberrant localiza-
tion of the Golgi complex and 
intermyofibrillar mitochondria in 
KN2 muscle. Parallel disruption of 
microtubules and Golgi complex 
distribution has also been report-
ed in dystrophic myofibers (23). 
Interestingly, mitochondria were 
also structurally compromised in 
both KN1 and KN2 muscles, sug-
gesting a mitochondrion protec-
tive role for nNOS isozymes (32). 
Mitochondrial abnormalities may 

also be a substantial contributing factor to contraction-induced 
fatigue in KN2 mice. These data suggest that nNOS-derived NO 
is essential for normal mitochondrial health and for microtubule 
cytoskeleton integrity.

These findings highlight the existence of functionally distinct, 
parallel nNOS signaling pathways and provide fresh insight into 
how independent signaling function may be achieved in skeletal 
muscle. NO is classically described to function as a promiscuous 
and highly diffusible messenger, capable of crossing membranes 
to adjacent cells over distances of 100 μm or more (11). It is dif-
ficult to envision the existence of such a nonspecific mechanism, 
given the high concentrations of myoglobin in skeletal muscle that 
can rapidly scavenge NO (13). Furthermore, the redundancy in 
NO signaling predicted by this classical view is not support by the 
data in the current or previous muscle studies. First, NO synthe-
sized by cytoplasmic nNOSμ cannot compensate for the absence 
of sarcolemmal nNOSμ and prevent vasoconstriction during exer-
cise in α-syntrophin–null muscle (7). Second, despite its localiza-
tion near the sarcolemma, Golgi nNOSβ expression also cannot 

Figure 6
nNOS-deficient KN2 skeletal muscles exhibit a more fatigue-susceptible fiber composition. (A) Antibod-
ies specific for MyHC type 1, type IIa, and type IIb were used to identify slow oxidative type 1 (blue, 
most fatigue resistant), fast oxidative type IIa (red, intermediate fatigue resistance), and fast glycolytic 
type IIb (green, least fatigue resistant) fiber types in TA muscles from WT, KN1, and KN2 mice. Unla-
beled fibers (black) were designated fast oxidative type IIx/IId fibers, which also exhibit a high degree 
of fatigue resistance. Images are composites. Scale bar: 400 μm. (B) Quantitation of fiber composi-
tion. In nNOSμ-deficient TA muscles from KN1 mice, type IIa fibers were significantly decreased 50%  
(P < 0.01), while there was a remarkable 3,000% increase (P < 0.001) in type IIx/IId fibers relative to 
controls. In contrast, the loss of all nNOS splice variants in KN2 TA muscles resulted in a significant 
45% (P < 0.05) increase in type IIb fibers relative to WT. nNOS splice variants differentially regulate 
fiber composition in skeletal muscle. n ≥ 4.



research article

	 The	Journal	of	Clinical	Investigation   http://www.jci.org   Volume 120   Number 3   March 2010 823

prevent vasoconstriction during contraction in nNOSμ-deficient 
muscles from KN1 mice (7, 8). Third, because of the theoretical 
diffusibility of Golgi nNOS-derived NO, the classical view predicts 
that the phenotypes of KN1 muscles should be virtually indistin-
guishable from WT controls. Instead, nNOSμ-deficient muscles 
differ from WT muscle in at least 4 respects: they exhibit aberrant 
local vasoconstriction during exercise (7, 8), reduced soleus muscle 
mass, unique fiber type composition, and morphologically aber-
rant mitochondria. It is important to note that the possibility of 
partial redundancy between NO signaling pathways cannot be 
completely ruled out; however, this is a separate issue from the 
free diffusibility of NO. Nevertheless, the differential targeting of 
nNOSμ and nNOSβ to create 2 spatially and functionally distinct 
NO signaling microdomains suggests an important mechanism 
for regulating NO signaling specificity. These findings provide a 
compelling argument that nNOS splice variant-derived NO is pro-
duced and acts locally in skeletal muscle.

Our results are consistent with previous studies of NOS signaling 
that highlight the importance of NOS enzyme subcellular local-

ization in conferring specificity to NO 
signaling in neurons and cardiomyocytes 
(12, 14, 15). For example, cardiomyocytes 
express both nNOSμ and eNOS which are 
differentially targeted to the sarcoplasmic 
reticulum (SR) and caveolae, respectively 
(14). Caveolar eNOS inhibits myocardial 
contractility, while nNOSμ increases it 
(14). Thus, spatial confinement of eNOS 
and nNOSμ enzymes allows NO to per-
form distinct and even opposing functions 
in cardiomyocytes. Our results in skeletal 
muscle are consistent with NO signaling 
in neurons and cardiomyocytes, running 
counter to the classical paradigm of NO 
action, and reinforce the importance of 
NOS-based signaling microdomains.

Our data clearly indicate that reduced 
NO bioavailability has profound nega-
tive consequences on the structural 
integrity and contractile performance 
of skeletal muscle. However, decreased 
NO concentrations may have even more 
deleterious effects in diseased muscle tis-
sue. Reduced NO bioavailability resulting 
from decreased expression and/or mislo-
calization of nNOSμ is characteristic of 
a diverse range of human skeletal muscle 
diseases, including Duchenne and Becker 
muscular dystrophies and LGMD 2C, 2D, 
and 2E (3, 16–18). Furthermore, dystro-
phic muscles experience significant oxi-
dative stress caused by increases in ROS, 
which could further reduce NO bioavail-
ability in skeletal muscle by potentially 
disrupting both residual nNOSμ and 
Golgi nNOSβ signaling (33). Overproduc-
tion of ROS can reduce NO bioavailabil-
ity by (a) uncoupling NO production by 
nNOS, (b) interfering with nitrosylation 
of target proteins by nNOS, and (c) by 

reacting with NO to generate cytotoxic peroxynitrite. Conversely, 
transgenic or pharmacologic approaches that ameliorate the dys-
trophic phenotype of mouse models of muscular dystrophy by 
increasing NO bioavailability or NO-cGMP signaling may have 
serendipitously activated Golgi-localized NO-activated sGC, lead-
ing to increased levels of cGMP second messengers (18–21). Thus 
the beneficial effects of increased cytoplasmic NO in dystrophic 
muscle may be due, at least in part, to activation of Golgi NO-
cGMP signaling pathways. Regardless, and perhaps more impor-
tantly, the Golgi nNOSβ signaling pathway provides a potential 
new therapeutic target for treating neuromuscular disease, includ-
ing muscular dystrophy.

How might dysregulation of nNOSμ signaling contribute to 
dystrophic pathology? Loss of contraction-induced sarcolemmal 
nNOSμ signaling leads to functional ischemia (7, 8, 34). Although 
this is associated with a modest increase in fatigue in KN1 mice on 
a B6/129 genetic background (10), our data on mice in a C57BL/6 
background do not support a causal relationship between func-
tional ischemia and muscle fatigue or postexercise strength. 

Figure 7
Golgi nNOS splice variant is required to maintain normal skeletal muscle strength, muscle mass, 
and myofiber size. (A) Maximum isometric force-producing capacity of TA muscles from KN1 
and α-syntrophin mice did not differ significantly from WT controls. nNOS-deficient KN2 muscles 
exhibited significantly reduced maximum force-generating capacity (P < 0.001) compared with 
controls, KN1, and α-syntrophin mice. (B) Mean specific force did not differ statistically between 
WT controls, KN1, and α-syntrophin mice. The additional loss of nNOSβ in KN2 mice lead to 
a significant 14% decrease (P < 0.01) in specific force, indicating that nNOSβ is required for 
normal muscle strength. (C) TA muscle weight was unaffected in α-syntrophin mice and KN1 
mice; however, loss of nNOSμ and nNOSβ lead to a significant 40% reduction (P < 0.001) in 
muscle mass. (D) The CSA of KN1 myofibers was similar to WT controls. KN2 muscle cells were 
significantly smaller in area (P < 0.001), suggesting that decreased myofiber size could at least 
partially account for decreased KN2 muscle mass. Values represent mean ± SEM (A, B, and C). 
The median is represented by the line within the box plot in D. Group sizes in A, B, C, and D are 
n ≥ 6, n ≥ 6, n ≥ 9, and n ≥ 4, respectively.
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C57BL/6 KN1 muscles, which also presumably lack normal vaso-
modulatory controls, exhibit normal fatigue and muscle contrac-
tility despite mitochondrial abnormalities. This point is exempli-
fied by α-syntrophin–null muscles lacking sarcolemmal nNOSμ 
that exhibit aberrant vasoconstriction but show normal fatigue 
and postexercise strength. In fact, α-syntrophin–deficient muscles 
exhibit no deficits in contractility, consistent with our previous 
observation that α-syntrophin–null mice exhibit normal volun-
tary wheel running exercise performance (27). Thus, the regulation 
of fatigue by nNOSμ is dependent in part on the genetic strain 
of the mouse. This is not a surprising finding, given that exercise 
performance, which is dependent in part on muscle performance, 
varies substantially between mice of different genetic backgrounds 
(35). It is therefore essential that future studies of muscle fatigue 
use correct strain controls.

Another potential role for sarcolemmal nNOSμ in muscu-
lar dystrophy has come from efforts to explain the exaggerated 
postexercise inactivity symptomatic of dystrophinopathy patients 
(18). KN1 mice (B6/129 background) and mdx mice (C57BL/10 
background), a mouse model for DMD, both exhibited significant 
postexercise cage inactivity for up to 30 minutes after treadmill 
running (18). We previously reported that these KN1 mice show 
increased susceptibility to contraction-induced fatigue and exhibit 
a slow but full restoration of muscle strength after 5 minutes of 
rest (10). Thus, claims that the exaggerated fatigue response is dis-
tinct from a loss in specific force production by muscle and that 
KN1 mice have no loss of muscle-specific force after exercise are 
not supported by the evidence (18). Therefore, early but not pro-
longed postexercise inactivity in cages may result from excessive 
exercise-induced skeletal muscle fatigue and impaired postexer-
cise force generation. Furthermore, the normal fatigue resistance 
and postexercise strength in KN1 and α-syntrophin mice in the 

C57BL/6 background suggests that contraction-induced sarcolem-
mal nNOSμ signaling does not play a significant role in postexer-
cise muscle function in this strain. These data, in conjunction with 
what we believe are previously unrecognized Golgi nNOS signaling 
pathways in muscle, demonstrate that the underlying molecular 
mechanisms of nNOS-modulated postexercise inactivity are more 
complex than previously thought (18).

In summary, we have demonstrated the existence of what we 
believe is a novel Golgi nNOS signaling compartment in skeletal 
muscle and have shown that nNOS splice variants are essential for 
maintaining the structural health and functional capacity of skel-
etal muscle tissue. We conclude that nNOS is a critical regulator 
of skeletal muscle exercise performance.

Methods
Generation of mutant mice. All experimental procedures performed on mice 
were approved by the Institutional Animal Care and Use Committee at the 
University of Washington. Three mutant mouse knockout lines (all on a 
C57BL/6 background) lacking normal nNOS splice variant localization or 
expression were used (Figure 2, B–E). The first strain is the original nNOS 
knockout, now known as KN1 (nNOS knockout 1). In the KN1 mouse 
line, targeted deletion of exon 2 eliminates expression of muscle-specific 
nNOSμ (24); however, the regulatory elements controlling expression of 
nNOSβ and nNOSγ splice variants remain intact (Figure 2D). KN1 mice 
were backcrossed for 10 generations to the C57BL/6 line. KN2 (nNOS 
knockout 2) mice were generated by targeted disruption of heme-binding 
exon 6 (25). KN2 mice do not express any active full-length nNOS splice 
variants (Figure 2E). The third nNOS mutant mouse line was deficient in 
α-syntrophin and has been previously described (Figure 2C) (27).

Immunohistochemistry. The method used to isolate and immunolabel single 
myofibers has been described previously (23). Amino and carboxyl termi-
nal pan-specific nNOS rabbit polyclonal antibodies were purchased from 

Figure 8
nNOS splice variant-deficiency leads to myo-
pathic changes in intermyofibrillar mitochon-
dria and skeletal muscle cytoarchitecture. 
(A) Decreased myofiber CSA was evident 
in hematoxylin and eosin–stained KN2 TA 
muscles. (B) Electron microscopic analysis 
of KN1 muscles revealed dramatic changes 
in mitochondrion morphology (bottom row), 
including irregular swelling, disruption of inter-
nal cristae, and markedly decreased matrix 
density (increased electron lucency). Sar-
comere integrity and registration were unaf-
fected in KN1 muscle. KN2 muscles exhibited 
more severe mitochondrion morphological 
abnormalities, including substantial swelling 
and variability in size, disrupted cristae, and 
reduced matrix density. The characteristic 
intermyofibrillar localization of mitochondria 
at the Z-I band interface was also disrupted in 
KN2 muscle (bottom row). Furthermore, loss 
of all nNOS splice variants often impaired 
alignment of sarcomere contractile units. 
Higher-magnification images are shown in 
the inset panels. Scale bar: 40 μm (A); 2 μm 
(top and middle rows of B); 1 μm (bottom row 
of B); 1.3 μm (insets). n = 4.
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Invitrogen (amino terminal), Sigma-Aldrich, BD Biosciences, and Immuno-
star Inc. (all carboxyl terminal). Rabbit polyclonal antibodies raised against 
the β1 subunit of sGC and FITC-conjugated GM130 were purchased from 
Sigma-Aldrich and BD Biosciences, respectively. A rabbit polyclonal to PKG 
was purchased from Santa Cruz Biotechnology Inc. Rabbit polyclonal anti-
bodies were detected with Rhodamine Red-X–conjugated donkey anti-rab-
bit secondary antibodies (Jackson ImmunoResearch Laboratories Inc.)

Skeletal muscle fiber typing. To characterize the fiber composition of 
skeletal muscles, 10-μm-thick frozen sections were immunolabeled with 
mouse monoclonal antibodies (a gift from Stephen Hauschka, University 
of Washington) raised against type I (BA-D5), type IIa (SC-71), and type IIb 
(BF-F3) MyHC proteins (36). Sections were incubated for 1 hour at room 
temperature with a BA-D5, SC-71, and BF-F3 cocktail. Primary antibodies 
were detected by a 1-hour incubation with Alexa Fluor 350–labeled donkey 
anti-mouse IgG2B (BA-D5), Alexa Fluor 594–labeled donkey anti-mouse 
IgG1 (SC-71), and Alexa Fluor 488 donkey anti-mouse IgM (BF-F3) iso-
type-specific secondary antibodies. The frequency of MyHC type I, type IIa, 
type IIb, and type IIx/IId fibers per section were counted manually. Unla-
beled fibers were designated type IId/IIx. The area of the muscle section in 
square millimeters was used to calculate the number of MyHC fibers per 
square millimeter, using IMAGE J V1.38x software (37).

Confocal laser scanning microscopy. Confocal microscopy was performed at 
the W.M. Keck Center for Advanced Studies in Neural Signaling (Univer-
sity of Washington), using a Leica TCS SP microscope equipped with a UV 
laser used to excite DAPI.

Tissue histology and myofiber CSA calculations. Freshly isolated mouse TA and 
soleus muscles were isolated from adult (8- to 9-week-old) mice and flash 
frozen in liquid nitrogen–cooled isopentane. Cryostat sections (10 μm)  

from the muscle mid-belly were 
stained with hematoxylin and eosin 
using standard methods and inspect-
ed for signs of muscle disease, includ-
ing central nucleation, fiber area 
heterogeneity, and immune cell infil-
tration. Histological analyses were 
performed with a Zeiss Axioskop 2 
microscope. The CSA of more than 
200 muscle cells from a section (3–5 
sections were analyzed per mouse) of 
the muscle mid-belly was measured 
using ImageJ V1.38x software (http://
rsbweb.nih.gov/ij/) (37).

Transmission electron microscopy. 
Skeletal muscle tissue was fixed in 
half-strength Karnovsky’s fixative 
(2.0% paraformaldehyde, 2.5% glu-
taraldehyde, 0.1 M cacodylate buffer, 
3 mM CaCl2, pH 7.3), post-fixed in 
1.0% OsO4 for 1 hour, en bloc stained 
with 2% uranyl acetate, and rinsed 
and then dehydrated through a 
graded series of alcohols and propyl-
ene oxide. Samples were embedded 
with Eponate resin (Ted Pella Inc.), 
and 90- to 100-nm sections were cut 
and mounted for transmission elec-
tron microscopy examination on 
150 mesh rhodium/copper grids and 
stained with uranyl acetate and lead 
citrate. Samples were examined with 

a JEM 1200EX II transmission electron microscope (JEOL Ltd.). Operating 
conditions for the instrument included an accelerating voltage of 80 kV, a 
300 μm condenser aperture, a 50 μm objective aperture, and a spot size set-
ting of 4. Images were acquired and saved digitally using an Olympus-SIS 
Morada side mount camera (Olympus Soft Imaging Solutions).

In situ analysis of skeletal muscle contractile function. All in situ tests of muscle 
contractile performance were identical to those described previously (10). 
The advantage of in situ analysis is that vascularization and vasomodulato-
ry controls remain intact. This is an important consideration when assess-
ing nNOS splice variant function in skeletal muscle, given the important 
role of nNOSμ in regulating blood delivery during muscle contraction and 
the dependence of NO function on oxygen concentration (7, 8, 38). To test 
muscle resistance to fatigue, TA muscles were maximally stimulated (40 V, 
200 Hz) every 2 seconds for 4 minutes to simulate exercise-induced fatigue. 
Maximum isometric force production was recorded every 2 seconds during 
exercise and at 1 minute and 5 minutes after exercise. Exponential curves 
(y = Ae−x/τ, where A is the initial force in millinewtons, x is time in seconds, 
and τ is the time constant) were fitted to the 4-minute fatigue period with 
Igor Pro 5 software (Wavemetrics). The time constant, which reflects the 
time taken to fatigue, and the force plateau (the asymptote of the exponen-
tial curve) were calculated from these fitted curves.

Serum creatine kinase assay. Blood (20 μl) was collected from adult 8-week-
old mice, allowed to clot for 20 minutes, and then microcentrifuged to sep-
arate the serum. Serum creatine kinase levels were determined using a com-
mercially available kit, according to the manufacturer’s protocol (Stanbio 
Laboratory). Serum creatine kinase activity levels reflect whole muscle cell 
structural stability. Muscle cell turnover or breakdown leads to the release 
of cytosolic enzymes, including creatine kinase, into the bloodstream.

Figure 9
Model for nNOS splice variant microdomain signaling in skeletal muscle. The differential targeting of nNOSβ 
and nNOSμ creates 2 spatially and functionally distinct NO signaling compartments at the Golgi and sarco-
lemma, respectively. Spatial confinement of nNOSβ and its effectors (sGC and PKG) creates a NO-cGMP 
signaling microdomain at the Golgi complex. During exercise, nNOSμ-derived NO attenuates vasoconstric-
tion, thus serving to match blood and oxygen delivery with the increased metabolic demands of skeletal 
muscle tissue. At the same time, nNOSβ signaling functions to maintain the ability of contracting muscles 
to generate force during and after exercise. nNOSβ-derived NO may regulate contractility through cGMP-
dependent mechanisms (mediated by PKG) or by cGMP-independent mechanisms (such as nitrosylation).
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Statistics. All values, except CSAs, are reported as mean ± SEM. For nor-
mally distributed populations, statistically significant differences between 
3 or more groups were tested for with 1-way ANOVA, followed by the 
Tukey-Kramer multiple comparison post-hoc tests between paired groups. 
CSA measurements made on hematoxylin and eosin sections did not 
account for fiber type–specific differences in size and thus did not conform 
to a Gaussian distribution and failed the Kolmogorov-Smirnov test for 
normality. In order to test for significant differences between CSAs, group 
medians were compared with nonparametric Kruskal-Wallis ANOVA by 
ranks, followed by Dunn’s multiple comparison post-hoc test. Statistical 
calculations were performed using Prism version 4 software (Graphpad 
Software Inc.). P values of less than 0.05 were considered significant.
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